Korean medicinal herb that is known to have various pharmacological effects, including antihyperlipidemic, anticancer, and anti-inflammatory effects. However, the effects of PMR on bone metabolism have not been elucidated to date. The present study aimed to investigate the in vitro and in vivo effect of PMR water extract on the regulation of osteoblast and osteoclast activity. Effects of PMR water extract on receptor activator of nuclear factor-kB ligand (RANKL)-induced osteoclast differentiation and survival of mouse bone marrow macrophages (BMMs) obtained from femurs were investigated by tartrate-acid resistant acid phosphatase (TRAP)-positive cells and XTT assay. Expression of osteoclast-related genes was assayed by western blot analysis and reverse transcription-quantitative polymerase chain reaction. Additionally, the effects of PMR water extract on osteoblastic proliferation and differentiation were investigated by alkaline phosphatase (ALP) activity assay, alizarin red staining, and levels of mRNA encoding known osteoblast markers. Furthermore, the effects of PMR water extract on lipopolysaccharide (LPS)-induced bone loss were examined in a mouse model. PMR inhibited RANKL-induced osteoclast differentiation of BMMs in a dose-dependent manner without significant cytotoxicity, and suppressed expression of the main osteoclast differentiation markers Fos proto-oncogene and nuclear factor of activated T-cell. In addition, PMR decreased the mRNA expression levels of NFATc1 target genes, including TRAP, osteoclast-associated receptor, ATPase H + transporting, lysosomal 38 kda V0 subunit d2, and Cathepsin K. These inhibitory effects were mediated by the p38 and extracellular signal-regulated kinase/nuclear factor-κB pathway. Simultaneously, PMR enhanced the differentiation of primary osteoblasts, and increased the mRNA expression of runt-related transcription factor 2, ALP, osterix, and osteocalcin. Notably, PMR improved LPS-induced trabecular bone loss in mice. Collectively, the present findings demonstrated that PMR may regulate bone remodeling by reducing osteoclast differentiation and stimulating osteoblast formation. These results suggest that PMR may be used for the treatment of bone diseases, such as osteoporosis and rheumatoid arthritis.
Introduction
Bone remodeling involves the resorption of old bone by osteoclasts and the formation of new bone by osteoblasts. Normal bone physiology requires a balance between the coupled processes of bone resorption and bone formation (1) . In these processes, osteocytes including osteoblasts and osteoclasts are involved in the development, growth, and remodeling of bones. disturbance in the balance of the remodeling process results in osteopenic disorders, including osteoporosis, rheumatoid arthritis and Paget's disease (2) .
Regulation of bone remodeling occurs through multiple mechanisms that ultimately converge at the interaction of osteoclasts or their precursors with osteoblasts and bone marrow stromal cells. Osteoblasts are the bone-lining cells that are responsible for the production of bone matrix components and minerals during bone formation (3). They are regulated by various transcription factors, including runt-related transcription factor 2 (Runx2), osterix and β-catenin (4) .
Osteoclast precursors, such as bone marrow-derived macrophages, express the receptors for macrophage colony stimulating factor (M-cSF) and for receptor activator of nuclear factor-kB ligand (RANKL), and differentiate into osteoclasts in the presence of M-cSF and RANKL expressed by osteoblasts (5) . RANKL/receptor activator of nuclear factor-kB (RANK) signaling induces osteoclast differentiation and activation via various transcription factors, such as nuclear factor (NF)-κB, Fos proto-oncogene (c-Fos), and nuclear factor of activated T-cell (NFATc1) (6, 7) . c-Fos is an essential factor for the activation of NFATc1, which is a master regulator of RANKL-induced osteoclast differentiation; it regulates the expression of osteoclast-specific genes, including tartrate-acid resistant acid phosphatase (TRAP), cathepsin K, Atp6v0d2, and osteoclast-associated receptor (OSCAR) (8) .
Polygoni Multiflori Radix (PMR) is the root of Polygonum multiflorum Thunb., and it is widely used in East Asia. PMR exhibits a variety of pharmacological effects, including acetylcholinesterase inhibitory activity, neuroprotective, antioxidant, immunomodulatory, antihyperlipidemic, anticancer, anti-inflammatory and hepatoprotective activities (9) . PMR is used in Korean medicine to treat bone diseases by balancing the functions of osteoblasts and osteoclasts. Specifically, water extract of PMR exhibits antiosteoporotic efficacy in ovariectomized (OVX)-induced osteoporosis in mice (10, 11) . However, the exact signaling mechanism that leads to PMR-mediated bone remodeling and osteoclast/osteoblast differentiation remains unclear. In the present study, the effects of PMR on osteoclast differentiation were investigated in RANKL-treated bone marrow-derived macrophages (BMMs) and in ascorbic acid/β-glycerophosphate (AA/β-GP)-induced osteoblast differentiation. In addition, the inhibitory effect of PMR was investigated in an animal model of lipopolysaccharide (LPS)-induced bone loss to evaluate the in vivo efficacy of PMR.
Materials and methods
Reagents. PMR was purchased from Omniherb corporation (Daegu, Korea; Fig. 1 ). α-minimum essential medium (α-MEM), fetal bovine serum (FBS), and antibiotics were purchased from Gibco (Thermo Fisher Scientific, Inc., Waltham, MA, USA). The XTT assay kit was purchased from Roche Diagnostics GmbH (Mannheim, Germany). Human recombinant M-cSF and RANKL were purchased from PeproTech EC, Ltd. (London, UK). Antibodies against c-Fos (1:1,000 dilution; cat. no. SC-7202), NFATc1 (1:1,000 dilution; cat. no. SC-7294) β-actin (1:1,000 dilution; cat. no. SC-47778), phosphorylated (p-) SMAd family member (Smad) 1/5/8 (1:1,000 dilution; cat. no. SC-12353), and total Smad1/5/8 (1:1,000 dilution; cat. no. SC-6031-R), were purchased from Santa Cruz Biotechnology, Inc. (Dallas, TX, USA). Antibodies against p-extracellular signal-regulated kinase (ERK; 1:1,000 dilution; cat. no. 4370), ERK (1:1,000 dilution; cat. no. 9102), p-c-Jun N-terminal kinase (JNK; 1:1,000 dilution; cat. no. 9251), JNK (1:1,000 dilution; cat. no. 9252), p-p38 (1:1,000 dilution; cat. no. 9211), p38 (1:1,000 dilution; cat. no. 9212), p-inhibitor of κB (IκB; 1:1,000 dilution; cat. no. 2859), IκB (1:1,000 dilution; cat. no. 4812), p-p65 NF-κB (1:1,000 dilution; cat. no. 3033), and p65 NF-κB (1:1,000 dilution; cat. no. 8242) were purchased from Cell Signaling Technology Inc. (Beverly, MA, USA). Ascorbic acid (AA) and β-glycerophosphate (β-GP) were purchased from Sigma-Aldrich (Merck KGaA, Darmstadt, Germany).
Mice. Five-week-old male IcR mice were purchased from Samtako Bio, Inc. (Osan, Korea). Mice were housed in a laminar air-flow room maintained at a temperature of 22-24˚C and a reactive humidity of 55-60% with a 12-h light/dark cycle. All experiments were performed in accordance with the guidelines of and approved by the Institutional Animal Care and Use Committee of Wonkwang University (approval no. WKU15-143).
Preparation of PMR. Preparation of PMR water extract was conducted following the extraction protocol of Korean Plant Extract Bank (Cheongju, Korea). PMR was dissected into small pieces, placed in distilled water for 30 min, and then boiled using Glas-col heating mantle (Glas-col LLc, Terre Haute, IN, USA) for 2 h. The extract was filtered using a filter paper (110 mm; Advantec no. 2), and the filtrate was concentrated at 60˚C using a rotary evaporator (Buchi Labortechnik AG, Flawil, Switzerland) and then lyophilized by a Bondiro Freeze dryer (IlShinBio, dongducheon, Korea) into a dry powder (yield, 17.9%) (12, 13) . The dry powder was resuspended in distilled water, and then filtered through a 0.2 µm filter. The PMR extract samples were deposited at the College of Pharmacy, Wonkwang University for future use (voucher no. PMR2014).
Ultra performance liquid chromatography (UPLC) analysis.
Identification and quantification of the constituents in the PMR extract was performed by a UPLc system that consisted of a 1290 Infinity UPLC system (Agilent Technologies, Inc., Santa clara, cA, US), with Binary pump and diode Array detector (DAD). The chromatographic separation was performed on C18 RP column (Halo C18 RP; 2.7 µm; 4.6x100 mm). Two solvents, solvent A and B, were used for the mobile phases of UPLC. Solvent A was 10 mM phosphate buffer in H 2 O and solvent B was 100% acetonitrile. The gradient elution was progressed at a flow rate of 1.0 ml/min under the program: (A)/(B) = 90/10 for 0 min, followed by 90/10 for 5 min, and 40/60 for 25 min and hold for 4 min. The UV wavelength of the detector was fixed at 210 nm and monitored for 25 min. Column temperature was maintained constantly at 40˚C. The PMR extract and standard were dissolved in methanol and filtered using a 0.2 µm membrane filter (Millipore; Merck KGaA, Billerica, MA, USA).
Cell culture and osteoclast differentiation. Bone marrow cells (BMcs) were obtained by flushing the femurs and tibiae of 5-week-old ICR mice as described previously (14) . To obtain BMMs, BMcs were seeded on culture dishes in α-MEM supplemented with 10% FBS and M-cSF (10 ng/ml) and cultured for 1 day. Nonadherent cells were transferred to 10 cm petri dishes and further cultured in the presence of M-cSF (30 ng/ml) for 3 days. Floating cells were discarded and adherent cells on dish bottoms were classified as BMMs, which are osteoclast precursors. To induce BMMs differentiation into osteoclasts, BMMs were cultured for 3 days with M-cSF (30 ng/ml) and RANKL (100 ng/ml) in the presence or absence of PMR. Then, cells were fixed with 3.7% formaldehyde for 10 min, permeabilized with 0.1% Triton X-100 for 10 min, and stained for 30 min at 37˚C with TRAP solution [1 mg/ml fast red violet LB, 100 µg/ml naphthol AS-MX phosphate, 0.1 M sodium acetate (pH 5.0), 50 mM sodium tartrate]. TRAP-positive cells were counted as osteoclasts and multinuclear osteoclast cells (MNcs; >3 nuclei/cell) under an inverted microscope (Leica Microsystems, Bannockburn, IL, USA). A total of four fields of a single well were selected randomly and three wells were counted for each group. For the total TRAP activity assay, cells were lysed with 1% Triton X-100 in TRAP assay buffer (50 mM sodium tartrate and 0.1 M sodium acetate, pH 5.2) for 10 min and incubated in a TRAP assay buffer with 1 mg/ml p-nitrophenyl phosphate. Following 30 min of incubation at 37˚C, the reaction was stopped with 1 M NaOH, and the absorbance was measured at 405 nm using a spectrophotometer.
Cytotoxicity assay. The XTT assay was performed to examine the cytotoxic effect of PMR on BMMs. Cells were seeded in a 96-well plate then cultured for 3 days with various concentrations of PMR in the presence of M-cSF (30 ng/ml). Following the incubation period, XTT solution (50 µl) was added to each well and incubated for 4 h. Absorbance was measured using an ELISA reader (Thermomax; Molecular devices, Sunnyvale, CA, USA) at 450 nm.
Actin ring staining. Cell were fixed with 3.7% formaldehyde for 10 min and permeabilized with 0.1% Triton X-100 for 5 min. The cells were blocked with 1% bovine serum albumin (BSA) and then incubated with Texas red-phalloidin (Molecular probes; Thermo Fisher Scientific, Inc.) at room temperature for 30 min. Following washing with PBS, nuclei were counterstained with 0.1 µg/ml dAPI for 1 min. The images were captured using a fluorescence microscope (EVOS FL; Thermo Fisher Scientific, Inc.).
Reverse transcription-quantitative polymerase chain reaction (RT-qPCR).
Total RNA was isolated with Isol-RNA lysis reagent (5 Prime Inc., Gaithersburg, MA, USA), according to the manufacturer's instructions. To obtain cDNA, equal amounts of total RNA were reverse-transcribed using ReverTra Ace qPCR RT kit (Toyobo Co., Ltd., Osaka, Japan). qPCR was performed in a 20 µl reaction mixture containing 10 µl of SYBR Green Real-Time PCR Master Mix (Toyobo Co., Ltd.), 10 pM of forward primer/reverse primer, and 1 ng of cdNA using StepOnePlus RT-PcR system (Applied Biosystems; Thermo Fisher Scientific, Inc.). The primers used to detect the genes of interest were as follows: c-Fos, forward 5'-cTG GTG cAG ccc AcT cTG GTc-3' and reverse 5'-cTT TcA GcA GAT TGG cAA TcT c-3'; NFATc1, forward 5'-cAA cGc ccT GAc cAc cGA TAG-3' and reverse 5'-GGc TGc cTT ccG TcT cAT AGT-3'; TRAP, forward 5'-AcT Tcc ccA Gcc cTT AcT Ac-3' and reverse 5'-TcA GcA cAT AGc ccA cAc cG-3'; OScAR, forward 5'-cTG cTG GTA AcG GAT cAG cTc ccc AGA-3' and reverse 5'-ccA AGG AGc cAG AAc cTT cGA AAc T-3'; Atp6v0d2, forward 5'-TcA GAT cTc TTc AAG GcT GTG cTG-3' and reverse 5'-GTG ccA AAT GAG TTc AGA GTG ATG-3'; cathepsin K, forward 5'-AcGGAGGcATTGAcTcTGAAGATG-3' and reverse 5'-GTT GTT cTT ATT ccG AGc cAA GAG-3'; Runx2, forward 5'-ccc AGc cAc cTT TAc cTA cA-3' and reverse 5'-cAG cGT cAA cAc cAT cAT Tc-3'; alkaline phosphatase (ALP), forward 5'-cAA GGA TAT cGA cGT GAT cAT G-3' and reverse 5'-GTc AGT cAG GTT GTT ccG ATT c-3'; Osteocalcin, forward 5'-cTc TcT GcT TGA GGA AGA AGc Tc-3' and reverse 5'-GTG ccc cTT AGG cAc TAG GAG-3'; Osterix, forward 5'-cTc TcT GcT TGA GGA AGA AGc Tc-3' and reverse 5'-GTG ccc cTT AGG cAc TAG GAG-3'; Osteopontin, forward 5'-TcT GAT GAG Acc GTc AcT Gc-3' and reverse 5'-CCT CAG TCC ATA AGC CAA GC-3'; and GAPDH, forward 5'-Acc AcA GTc cAT Gcc ATc Ac-3' and reverse 5'-Tcc Acc ACC CTG TTG CTG TA-3'. The mouse GAPDH gene was used as the internal control. The thermal cycling conditions were as follows: 95˚C for 15 min, followed by 40 cycles of 95˚C for 15 sec, 58˚C for 15 sec, and 72˚C for 15 sec. The specificity of the SYBR green assays was confirmed by melting-point analysis. Expression data were calculated from the cycle threshold (cq) value using the 2 -ΔΔcq method (15) .
Western blot analysis. Whole-cells were lysed in a buffer containing 50 mM Tris-HCl, 150 mM NaCl, 5 mM EDTA, 1% Triton X-100, 1 mM sodium fluoride, 1 mM sodium vanadate, 1% deoxycholate, and protease inhibitors. The lysates were centrifuged at 16,128 x g for 20 min and the supernatants were collected. The protein concentration was measured using a BcA protein assay kit (Thermo Fisher Scientific Inc.). Equal amounts of protein (30 µg) were separated on 10% SdS-polyacrylamide gels and were transferred by electro-blotting onto polyvinylidene difluoride membrane (Bio-Rad Laboratories, Inc., Hercules, CA, USA). Membranes were incubated with blocking buffer consisting of 5% nonfat dry milk in 10 mM Tris-HCl pH 7.5/150 mM Nacl/ 0.1% Tween-20 (TBST) for 1 h at room temperature, then probed with the indicated primary antibodies overnight at 4˚C. The membraned were then washed with TBST three times (10 min for each wash), and after washing, they were incubated with horseradish peroxidase-conjugated secondary antibodies Transfection and luciferase reporter assay. 293T cells were seeded in a 96-well plate at a density of 2x10 4 cells/well and incubated for 24 h before transfection. The cells were transiently cotransfected with TRAF6 and NF-κB luciferase reporter vector (pGL3-Basic Vector; Promega corporation, Madison, WI, USA) using the X-tremeGENE9 DNA transfection reagent (Roche Diagnostics GmbH) for 3 h in serum-free dMEM and then the medium were replaced by dMEM complete medium. After 12 h of transfection, the transfected cells were incubated with or without PMR. The cells were lysed with lysis buffer, and luciferase activity was measured using a luciferase assay system (Promega Corporation). Luciferase activity were normalized to the β-galactosidase activity in each sample.
Culture of primary mouse osteoblasts and assays. calvaria was isolated from 1-day-old neonatal IcR mice and was digested with 0.1% collagenase (Sigma-Aldrich; Merck KGaA) and 0.2% dispase (Roche Diagnostics GmbH) for 5 min at 37˚C (16) . After removal of the medium, the remaining tissue was digested 4 times for 10 min at 37˚C. Cell fractions were collected and used as primary mouse osteoblasts. Cells were cultured for 3 days, and adherent cells were used as osteoblasts. Primary mouse osteoblasts were seeded at a density of 1.5x10 4 cells/well into 48-well plates. To induce the osteoblast differentiation, cells were induced by osteogenic inducers: 50 µg/ml AA and 10 mM β-GP. After 24 h, cells were cultured in the presence of 10 mM β-GP and 50 µg/ml AA with or without PMR to induce osteoblast differentiation. On day 3, the medium was replaced with fresh medium containing β-GP and AA with or without PMR. For ALP staining, AA/β-GP induced osteoblasts were washed twice with PBS and fixed in 3.7% formaldehyde. Then, they were stained with a mixture of 0.1 mg/ml naphthol AS-MX phosphate, 0.6 mg/ml fast-blue BB salt, 2 mM Mgcl 2, 5 ml N, N-dimethylformamide (MP Biomedicals, Illkirch, France), and 100 mM Tris-HCl (pH 8.8) buffer at 37˚C for 5 to 10 min. When the cells turned blue, they were washed twice with PBS. For alizarin red S (ARS; Sigma-Aldrich; Merck KGaA) staining, cells were fixed in 3.7% formaldehyde in sterile PBS and stained with 2% ARS solution.
Bone loss model. To study the effect of PMR on LPS-induced bone loss in vivo, IcR (5-week-old males) mice were randomly divided into 4 experimental groups (n=5 mice/group; 23-28 g body weight): Control group, LPS-injected (disease) group, and LPS-injected and PMR-treated group (200 and 400 mg/kg/day). After acclimatization for 1 week, control mice were orally administered phosphate-buffered saline (PBS), LPS-injected mice were injected with LPS, and PMR-treated mice were orally administered with PMR. PBS and PMR were orally administered every day for 10 days to the treated and the control groups, respectively. LPS (5 mg/kg) and PBS were injected intraperitoneally on days 1, 4, and 7 to the disease and the control groups, respectively. Mice were euthanized on day 10 (17,18) , the left femurs were analyzed by high-resolution micro-computed tomography (µCT; Skyscan 1172), and the right femurs were fixed in 4% paraformaldehyde in PBS for 1 day, decalcified for 3 weeks in 12% EDTA, and then embedded in paraffin. Sections (5 µm thick) were prepared using a Leica microtome RM2125RTM (Leica Microsystems, Inc., Bannockburn, IL, USA). The sections were stained with hematoxylin-eosin (H&E) for histological examination, and other sections were stained with TRAP to reveal osteoclasts on the bone surface. The parameters for bone resorption, including the number of osteoclasts per two fields of view per slide (n=3 slides per group) were quantified using ImageJ 1.50i software (National Institutes of Health, Bethesda, MD, USA). Serum mouse c-teminal telopeptide of type I collagen (cTX-1) levels, a specific marker of bone resorption, were measured using a CTX-1 ELISA kit (cat. no. MBS726456; MyBioSource Inc., San Diego, CA, USA).
Micro-computed tomography analysis. µCT images were scanned with a high-resolution SkyScan 1172 system (SkyScan/Bruker, Kontich, Belgium) with the X-ray source at 50 kV and 201 µA with a 0.5-mm aluminum filter. Images were captured every 0.7˚ over an angular range of 180˚. Raw images were reconstructed from a stack of 2-dimensional images using commercial software (NRecon, version 1.6.2.0; SkyScan). The trabecular bones between 6.889 and 3.608 mm away from the epiphyseal plate of distal femurs were manually selected as a region of interest (ROI) and the contouring of images was performed every 50 axial slices. The bone morphometric parameters of ROI calculated using proprietary software (cTAn; Skyscan): Trabecular bone volume as a fraction of total tissue volume (BV/TV, %), trabecular thickness (Tb.Th, µm), trabecular seperation (Tb.Sp, µm) and trabecular number (Tb.N, 1/mm). The three-dimensional visualization images were obtained by using the 3d-creator software (Ant; SkyScan).
Statistical analysis.
Experiments were conducted independently at least three times and all data were presented as mean ± standard deviation. All statistical analyses were performed with SPSS version 12.0 Software (SPSS, Inc., Chicago, IL, USA). Statistical differences were analyzed using one-way analysis of variance with Fisher's Least Significant Difference test. P<0.05 was considered to indicate a statistically significant difference.
Results

PMR inhibits RANKL-induced osteoclast differentiation.
To identify the main constituents of PMR, UPLc analysis was performed. By comparing with emodin and 2,3,5,4'-tetrahydroxystilbene 2-O-β-D-glucoside (THS), the two standard marker compounds, emodin and THS were identified in the extract of PMR (Fig. 2) . Treatment of BMMs with M-CSF and RANKL for 4 days induced TRAP-positive multinucleated osteoclasts (Fig. 3A) . As shown in Fig. 3A , PMR treatment reduced the number of TRAP-positive cells and inhibited RANKL-induced TRAP activity in a dose-dependent manner. In addition, PMR treatment (25, 50 and 100 µg/ml) suppressed the formation of TRAP-positive MNCs (Fig. 3A) , without affecting the viability of osteoclast precursor cells (Fig. 3C) , suggesting that the inhibitory effect of PMR on osteoclast differentiation is not due to cytotoxicity. Based on the results of morphological analysis and MNc formation, the dose of 50 µg/ml PMR was used for subsequent experiments to investigate its antiosteoclastogenic effect. The formation of F-actin rings is necessary for osteoclastic bone resorption, therefore the effect of PMR on F-actin ring formation was examined next. Characteristic F-actin ring formation was observed in the untreated control, whereas treatment with PMR strongly inhibited the F-actin ring formation and morphology (Fig. 3B) . These findings suggested that PMR distinctly inhibited TRAP-positive multinucleated osteoclasts and F-actin ring formation.
PMR inhibits RANKL-mediated induction of c-Fos and
NFATc1. Since PMR inhibited RANKL-induced osteoclast differentiation, the effect of PMR on the expression of c-Fos and NFATc1, transcription factors essential for osteoclast differentiation, was investigated. RT-qPCR analysis indicated that PMR treatment significantly inhibited the transcriptional levels of c-Fos and NFATc1 at 6, 12 and 48 h (Fig. 4A and B) . In addition, RANKL-induced expression of c-Fos and NFATc1 mRNA was suppressed by PMR in a dose-dependent manner ( Fig. 4A and B) . Western blot analysis confirmed that PMR treatment significantly decreased RANKL-induced expression levels of c-Fos and NFATcl at the protein level (Fig. 4C) . These results suggested that PMR inhibited RANKL-induced osteoclast differentiation through downregulation of c-Fos and NFATcl.
PMR inhibits RANKL-induced mRNA expression of TRAP, OSCAR, ATP6v0d2 and Cathepsin K.
NFATc1 induces the expression of various osteoclast-specific genes, including TRAP, OScAR, ATP6v0d2 and cathepsin K, during RANKL-induced osteoclast differentiation (8) . To characterize the PMR-inhibitory effect on osteoclast differentiation through regulation of osteoclast-specific gene expression, the mRNA levels of genes associated with osteoclast differentiation were analyzed using RT-qPCR. PMR treatment downregulated the expression of TRAP and OSCAR (Fig. 5A) , which are associated with osteoclast differentiation, as well as suppressed the expression of ATPv0d2 (Fig. 5A) , which affects cell-to-cell fusion and cell migration. The expression of Cathepsin K, which is related to bone-resorbing activity, was also inhibited by PMR treatment at 48 h (Fig. 5A) . Furthermore, PMR treatment significantly reduced the mRNA expression of TRAP, OScAR, Atp6v0d2 and cathepsin K in a dose-dependent manner (Fig. 5B) . Based on these observations, PMR may have binding of RANKL to it receptor, RANK, is the activation of mitogen-activated protein kinase (MAPKs), Akt and NF-κB signaling (6) . To identify the molecular mechanism of inhibition and the pathways influenced by PMR, BMMs were treated with RANKL in the absence or presence of PMR for 0-30 min. RANKL-induced activation of p38 and ERK was inhibited by PMR treatment within 5 min, whereas phosphorylation of JNK was not affected by treatment with PMR (Fig. 6A) . These findings suggest that the inhibitory effect of PMR on osteoclast differentiation is primarily mediated by the suppression of the p38 and ERK signaling pathways. NF-kB is downstream of MAPK signaling and is a major transcription factor for RANKL-activated osteoclastogenesis (19) . Thus, degradation of IκB and activation of NF-κB were evaluated by western blot analysis. RANKL-induced degradation of IκB and activation of NF-κB were inhibited by PMR treatment within # P<0.05, ## P<0.01 and ### P<0.001 vs. RANKL-treated group at the corresponding time and concentration. PMR, Polygoni Multiflori Radix; BMMs, bone marrow macrophages; M-cSF, macrophage colony stimulating factor; RANKL, receptor activator of nuclear factor-kB ligand; TRAP, tartrate-acid resistant acid phosphatase; OSCAR, osteoclast-associated receptor; ATP6vod2, ATPase H + transporting lysosomal 38 kDa V0 subunit d2.
5 min (Fig. 6B) . Furthermore, a luciferase reporter assay was performed to examine the effect of PMR on RANKL-induced NF-κB activation. PMR treatment significantly suppressed the NF-κB transcription activity (Fig. 6C) . These results showed PMR inhibits RANKL-induced NF-κB transcriptional activity through increased phosphorylation of IκB.
PMR stimulates AA/β-GP-induced osteoblast differentiation and mRNA expression of osteoblast differentiation markers.
The effect of PMR on osteoblast differentiation was assessed by measuring the ALP activity and staining in the cells, as an early marker of osteoblastogenesis. As illustrated in Fig. 7A , expression and activity of ALP were significantly increased following 25 and 50 µg/ml PMR treatment. These results demonstrated that PMR enhanced osteoblast differentiation by increasing ALP activity. To elucidate the effect of PMR-induced mineralization of extracellular matrix (EcM) during osteoblastogenesis, osteoblasts were stained with ARS 21 days following induction of differentiation. The ECM of the differentiated osteoblasts that were not treated with PMR exhibited only slight mineralization (Fig. 7B) . However, increased EcM mineralization was observed in the cells treated with 25 and 50 µg/ml PMR for 21 days (Fig. 7B) . The quantified optical density of Alizarin red dissolved in cetylpyridinum chloride solution was significantly higher in the PMR-treated osteoblasts compared with the untreated osteoblasts (Fig. 7B) . Of note, PMR treatment had no effect in cell viability of the differentiated osteoblasts (Fig. 7C) .
The mRNA expression of genes related to osteoblast differentiation was investigated next by RT-qPCR. The mRNA expression levels of Runx2, ALP, osteocalcin and osterix were demonstrated to be significantly upregulated in the PMR-treated group compared with the untreated osteoblasts (Fig. 8A) . These findings suggested that PMR treatment enhanced osteoblast differentiation and mRNA expression of osteoblast differentiation markers.
PMR promotes AA/β-GP-induced osteoblast differentiation via the p38 and Smad pathway.
Since the expression of osteoblast-related genes, including Runx2, ALP, osteocalcin and osterix, is modulated via the p38 and Smad signaling pathway, western blot analysis was performed to determine the signaling pathway involved in the PMR-regulated osteoblast differentiation. PMR increased the phosphorylation of p38 after 5 min of treatment and activated ERK and Smad 1/5/8 after 15 min of treatment (Fig. 8B) . These results indicate that PMR might upregulate osteoblast-related genes via the p38 and Smad signaling pathways.
PMR prevented LPS-induced bone loss in a mouse model.
The efficacy of PMR in inhibiting in vivo bone destruction was investigated in a mouse model of LPS-induced osteolysis. PMR was administered orally to ICR mice for 10 days. In the µCT analyses, a 2-or 3-dimensional visualization of the femoral area revealed a loss in trabecular bone density following LPS treatment (Fig. 9A) . LPS-induced bone loss clearly decreased in the femurs of the PMR-treated and LPS-injected group (Fig. 9A) . Morphometric analyses of the femurs revealed significant reductions in the BV/TV and an increase in the Tb.Sp. in the LPS-injected group (Fig. 9B) . The Tb.N of the LPS-injected group exhibited a slight reduction, even though usually Tb.N expresses significant (Fig. 9B) . However, these reductions were recovered in the PMR-treated and LPS-injected group (Fig. 9B) . Histological analysis of sections from the femurs also demonstrated the preventive effect of PMR on trabecular bone loss induced by LPS (Fig. 9C) . In addition, the increased number of TRAP-positive osteoclasts induced by LPS was significantly reduced in the PMR-treated and LPS-injected group (Fig. 9C) . cTX-1 is a new marker of bone resorption, which can be used to assess the antiresorptive activity and to evaluate increases in osteoclast numbers (20) . Serum levels of CTX-1 in mice receiving PMR were lower compared with the PMR-untreated and LPS-injected group (Fig. 9D) . These findings demonstrated that PMR treatment prevented LPS-induced bone loss in mice by inhibiting bone resorption and stimulating bone formation.
Discussion
Osteoporosis is a common disease characterized by low bone mass and microarchitectural deterioration of bone tissue, which result in fragility fractures (21) . It is widely recog- nized as a serious public health problem afflicting more than 200 million people worldwide. Risk factors of osteoporosis include endocrinological, nutritional and genetic factors, such as hyperparathyroidism and deficiency of estrogen, vitamin D, or calcium (22) . Most agents used for treatment and prevention of osteoporosis, such as bisphosphonates, selective estrogen receptor modulators and estrogen, are inhibitors of bone resorption (23) . Although these agents are effective, they have several side effects. Therefore, many scientists have been searching for alternative approaches without side effects for the prevention and treatment of osteoporosis through inhibition of osteoclasts and promotion of osteoblasts. The present study demonstrated that PMR inhibited RANKL-induced osteoclast differentiation and stimulated the mineralization activity of osteoblasts.
RANKL is expressed by osteoblastic cells/bone marrow stromal cells; it binds to the RANK receptor on osteoclast precursor cells, and stimulates their differentiation into mature osteoclasts. The RANKL-RANK interaction promotes osteoclast differentiation, which is involved in the formation and survival of osteoclasts (24) . In addition, RANKL induces the expression of transcription factors, including c-Fos, and NFATc1, which are essential for osteoclast differentiation (25, 26) . Previous studies have demonstrated that NFATc1 is a master regulator of osteoclastogenesis, which autoamplifies and induces the expression of osteoclast-specific genes, such as activator protein 1 (AP-1), TRAP, calcitonin receptor, cathepsin K and OScAR, through cooperation with c-Fos (27, 28) . The present data indicated that PMR significantly inhibited RANKL-induced expression of c-Fos and NFATc1, and consequently, suppressed the mRNA expression of osteoclast-specific gene markers TRAP, OScAR, Cathepsin K, and Atp6v0d2.
NFATc1 induction is a downstream event to RANKL signaling, which is induced by p38 activation. It may be postulated that this event involves the increase in the transactivation ability of p65 NF-κB upon Ser-536 phosphorylation by the p38 MAPK (29, 30) . Because of RANKL stimulation, subsequent ubiquitination and proteasomal degradation of IκB occur, and IκB releases NF-κB, which translocates into the nucleus and initiates the transcription of target genes (31) . In the present study, PMR inhibited p38 and NF-κB activation induced by RANKL treatment. Specifically, NF-κB transcriptional activity was strongly suppressed following PMR treatment. Thus, the downregulation of NF-κB-dependent transcription might be a mechanism by which PMR inhibits RANKL-induced c-Fos and NFATc1 expression during osteoclast differentiation. The mechanism underlying PMR-mediated inhibition of osteoclast differentiation may be related to the reduced expression of osteoclast-specific genes.
Furthermore, PMR treatment stimulated osteoblast differentiation and increased the expression of genes associated with bone formation in primary mouse osteoblasts. ALP activity reflects the early stages of AA/β-GP-induced osteogenic differentiation and has a key role in bone mineralization by initiating and/or promoting the formation of hydroxyapatite crystals in the matrix vesicles of osteoblasts (32) . Several transcription factors, including ALP, Runx2, osterix and osteocalcin, are prominent osteoblast-specific markers (33,34). Runx2, a key transcription factor for osteogenesis and bone formation, is exclusively expressed in mineralized tissues and osteoblasts. It serves a crucial role in osteoblastogenesis through the induction of major osteoblast-specific genes, including ALP, osteocalcin, and type Ι collagen (35, 36) . Specifically, both Runx2 and osterix have been known as master transcription factors for osteoblast differentiation and for controlling the expression of bone-related genes (35, 37) . It was reported that Runx2-deficient mice completely lack osteoblasts and bone formation (38, 39) . Osteocalcin gene expression is initiated during late stages of osteoblast differentiation at the onset of ECM mineralization (40) . Thus, the present results demonstrated that PMR enhanced early and late stages of osteoblast differentiation by increasing ALP activity and increasing mineralization, respectively. In addition, PMR treatment increased the expression of osteoblast differentiation markers ALP, Runx2, osterix and osteocalcin. Signaling transduction of osteoblast differentiation specifically occurs through both a canonical Smad-dependent pathway and a non-canonical Smad-independent signaling pathway (such as the p38 MAPK pathway). Both the Smad (Smad 1, 5, and 8) and the p38 MAPK pathways converge at the Runx2 gene to control mesenchymal precursor cell differentiation (41, 42) . In the present study, PMR treatment induced the phosphorylation of p38 and Smad 1/5/8 and subsequently, stimulated Runx2 expression. Through these actions, PMR enhanced osteoblast differentiation.
LPS promotes osteoclast differentiation, fusion, survival, and activation through the release of RANKL, interleukin (IL)-1, and tumor nexrosis factor (TNF)-α (43, 44) . LPS was reported to potently stimulate bone resorption in both in vitro and in vivo studies (45, 46) . Therefore, the LPS-induced bone loss model has become one of the well-established inflammation-mediated osteoporosis models in mice. In a previous study, PMR prevented osteoporosis in an ovariectomized-induced osteoporosis model by increasing bone weight and bone thickness/length ratio, and modulating levels of bone mineral contents, including ALP, phosphorus and femoral calcium (10, 11) . In the present study, PMR treatment attenuated the LPS-induced trabecular bone loss compared with the LPS-injected group, in BV/TV, Tb.Sp. Despite Tb.N not showing significant differences between the control and LPS-injected groups, PMR treatment resulted in an increased Tb.N in the 400 mg/kg treatment group. Serum concentration of cTX-1, a bone resorption marker, was lower in the PMR-treated and LPS-injected group compared with the LPS-injected group alone. These findings demonstrated that PMR treatment results in ameliorated LPS-induced bone loss in an in vivo model.
Several phytochemicals including various stilbenes, quinones, flavonoid, phospholipids and other compounds have been identified in PMR. Phytochemicals emodin (a quinone) and THS (a stilbene) are main characteristic components extracted from the PMR (9) . Recently, a study reported that emodin modulated bone remodeling by inhibiting RANKL-induced osteoclast differentiation in BMMs and stimulated osteoblast formation on primary osteoblast cells (47) . THS has been extracted from the roots of Polygonum multiflorum Thunb. and has been reported to promote bone mineral density and bone strength in the femoral bones of rats. The present study identified emodin and THS as PMR components. These results suggested that the complementary effect of these components of PMR may contribute to the inhibitory effect of PMR on RANKL-induced osteoclast differentiation and its stimulatory effect on osteoblast formation.
In conclusion, PMR treatment inhibited RANKL-induced NF-κB transcriptional activity via the p38 and ERK signaling pathways, and this downregulation of NF-κB was involved in the inhibitory effect of PMR on RANKL-induced c-Fos and NFATc1 during osteoclast differentiation. Furthermore, PMR treatment increased ALP and mineralization activity, and elevated markers of osteoblast differentiation Runx2, ALP, osterix and osteocalcin, in mouse calvarial primary osteoblasts. Finally, PMR reduced the LPS-mediated bone loss in an in vivo model. PMR may modulate bone metabolism via dual actions of reducing osteoclast differentiation and stimulating osteoblast formation. Taken together, PMR might be an effective natural product for the treatment of bone diseases.
